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Abstract

Crustacean larvae have served as distinguished models in the field of Ecological Developmental Biology (“EcoDevo”)
for many decades, a discipline that examines how developmental mechanisms and their resulting phenotype depend
on the environmental context. A contemporary line of research in EcoDevo aims at gaining insights into the immedi-
ate tolerance of organisms and their evolutionary potential to adapt to the changing abiotic and biotic environmental

ocean change

conditions created by anthropogenic climate change. Thus, an EcoDevo perspective may be critical to understand
and predict the future of organisms in a changing world. Many decapod crustaceans display a complex life cycle
that includes pelagic larvae and, in many subgroups, benthic juvenile—adult stages so that a niche shift occurs dur-
ing the transition from the larval to the juvenile phase. Already at hatching, the larvae possess a wealth of organ
systems, many of which also characterise the adult animals, necessary for autonomously surviving and developing

in the plankton and suited to respond adaptively to fluctuations of environmental drivers. They also display a rich
behavioural repertoire that allows for responses to environmental key factors such as light, hydrostatic pressure, tidal
currents, and temperature. Cells, tissues, and organs are at the basis of larval survival, and as the larvae develop, their
organs continue to grow in size and complexity. To study organ development, researchers need a suite of state-of-
the-art methods adapted to the usually very small size of the larvae. This review and the companion paper set out to
provide an overview of methods to study organogenesis in decapod larvae. This first section focuses on larval rearing,
preparation, and fixation, whereas the second describes methods to study cells, tissues, and organs.
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Background

Crustaceans represent one of the most species-rich
animal groups in our oceans and display a large diver-
sity of sizes, morphologies, life-styles, and life histories
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(reviews e.g. [1-3]). Specifically, representatives of the
crustaceans have colonized habitats extending from the
deepest ocean trenches and hydrothermal vents, across
the vast water bodies of the world’s oceans, through
intertidal and supratidal coastal habitats. Crustaceans
have also representatives occurring in anchihaline
caves, inland freshwater ecosystems including endor-
heic lakes, and terrestrial habitats such as desert salt-
pans, epiphytic bromeliads in mountain forests, or
rocky plateaus of coastal and oceanic islands. Decapoda
is a highly diverse subgroup of malacostracan crusta-
ceans that includes well-known representatives such as
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ornamental shrimps, clawed and spiny lobsters, hermit
crabs, and true crabs. Many decapods represent key
species in estuarine, intertidal, and coastal areas where
they can have such a high abundance that changes in
their population structure may directly influence the
structure of the whole ecosystem [4, 5]. Decapods
inhabiting estuaries or intertidal zones are adapted
to enduring tremendous variations in temperature,
pH, and salinity at a daily scale as the consequence of
the tides. Decapoda also embraces many species with
global invasive potential signifying their ability to adapt
to new and changing environments (reviews [5-9]).
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Similar to many other marine benthic animals, many
decapod crustaceans display a complex life cycle in that
they occupy different habitats during ontogeny, and
undergo niche shifts during the transition from larvae
to the juvenile phase. The life cycle includes pelagic lar-
vae and in most species benthic juvenile-adult stages
(Figs. 1, 2; reviews [10-16]). The ontogenetic change
in habitat represents an important link in marine food
webs (bentho—pelagic coupling). The larval phase,
which is essential for dispersal (review [17, 18]), occurs
in the pelagic environment, and many larvae of marine
crustaceans actively feed (review [19, 20]) and grow by

of pleopods; pl: pleon; rs: rostral spine

Fig. 1 Ontogeny of decapod crustaceans. a, b Ontogenetic reconstruction of Gnathophyllum elegans (Risso, 1816) (Decapoda, Palaemonidae), from
Zoea 1 (a) to adult (b); insert in a shows a ready-to-hatch embryo in eggshell (modified from [110]); scale bar 250 um; egg diameter is ca. 750 pum.

¢ generalized brachyuran Zoea in lateral (left) and frontal (right) views (modified from [12]). a1, a2: antenna one and two; ¢: chromatophor; ce:
compound eye; ds: dorsal spine; f: telson with furca; la: limb anlagen; Is: lateral spine; mp1, mp2: exopodites of maxillipeds one and two; pa: anlagen
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Fig. 2 Larval development of the European shore crab Carcinus
maenas L. (Decapoda, Brachyura, Portunidae). a The transition
between the zoeal stages and metamorphosis | to Megalopa are
characterized by moults (modified from [233]). b Ontogenetic
change of appendage function during the double metamorphosis
(see text for further details; from [35]). Md: mandibular segment,
Mx1, Mx2: segments of 1st and 2nd maxilla; MP 1-3: maxillipeds 1-3
(corresponding to thoracomeres 1-3); P1-5: pereiopod one to five
(corresponding to thoracomeres 4-8); PM1-6: pleomeres one to six;
T1-8: thoracomeres one to eight

successive moults through a species-dependent num-
ber of larval instars that can be variable depending on
environmental conditions (reviews [15, 21, 22]). In the
absence of parental care, larvae need to be adapted to
developing in the plankton and such morphological and
behavioural adaptations are related to movement, nutri-
tion, and sensing (reviews [10, 11]). In some decapod
groups, after a metamorphic moult (review [23]) the
larvae eventually settle to the benthos (review [24—26])
where juvenile growth into adulthood, reproduction,
embryonic development, and larval hatching occurs
(Figs. 1, 2).

The larval forms can differ drastically from their cor-
responding juvenile-adult stages in morphology, ecology,
and behaviour (Fig. 1a, b). In the past, this has caused
quite some trouble to identify larval forms as such and
many of them have originally been described as separate
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new species. Many modern-day names for larvae refer
to such names (e.g. [12]). To ontogenetically bridge the
strong differences between larvae and later stages, many
decapod crustaceans undergo a drastic metamorphosis
during post-embryonic development (Fig. 2a; reviews
(12, 16, 23)).

Decapod larvae are fascinating models to study a
broad variety of biological processes, some of which we
will point out in this contribution. For example, deca-
pod larvae have attracted the attention of ethologists
because they display a rich behavioural repertoire that
allows studying responses to variations in environmen-
tal drivers such as light, hydrostatic pressure, tidal cur-
rents, temperature, salinity, and food concentration
(reviews [11, 19, 25, 27-29]). The larval sensory systems
include compound eyes as well as abundant chemo- and
mechanosensory sensilla [30-35] for instance to perceive
chemical cues from their conspecifics to identify suitable
habitats to metamorphose and recruit (reviews [19, 26,
27, 29]). Circatidal behavioural patterns, such as active
vertical migration in response to tidal currents, allow the
larvae to avoid predators and to control their horizontal
dispersal (reviews [4, 17, 28, 36]).

Like many marine animals, a large number of deca-
pods develop through dispersing pelagic larvae that drive
the gene flow that connects established populations and
hence are important for population structure and popu-
lation persistence. Furthermore, dispersing larvae play a
central role in founding new populations and in species’
range expansion (reviews e.g. [18, 37-41]). In species
with complex life cycles characterised by habitat shifts,
population persistence depends on individuals adapting
to environmental changes occurring in both the larval
and the adult habitats. Because failure to adapt to only
one of such habitats will result in population collapse,
either through reproductive or recruitment failure, deca-
pod larvae are well-suited models to study the influence
of environmental drivers on species persistence. Further-
more, we now know that larvae represent the life history
phase that is highly sensitive to fluctuations of environ-
mental parameters (e.g. [42—45]; reviews [21, 46]). Also,
larval development in crustaceans encompasses risks
due to higher vulnerability through predation or over-
drift into unsuitable habitats for settlement ([37, 47]).
Because e.g. temperature controls the dispersal poten-
tial through changes in the length of the dispersal phase
(and effects on larval growth and survival), quantifying
larval responses to variations in environmental driv-
ers (“reaction norms”) such as temperature, pH, salinity
or food availability can provide new insights into crus-
tacean life-history cycles (reviews [7, 11, 19]). There is a
long tradition of examining the reaction norms of deca-
pod crustacean larvae to changes in single or multiple
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environmental drivers which have enriched our under-
standing of marine larval biology including aspects of
supply-side ecology, biogeography, population connectiv-
ity, and invasion biology (reviews e.g. [11, 21, 22, 41, 46,
48]).

Analyses of decapod crustacean larvae and their devel-
opment have also provided new insights into diverse
aspects of animal ecophysiology such as phenotypic plas-
ticity in developmental traits, heterochrony in develop-
mental patterns, carry-over effects on life-history traits,
and adaptive mechanisms that enhance tolerance to
fluctuations in environmental abiotic and biotic factors
(reviews e.g. [11, 21, 46, 49, 50]. What is more, crusta-
cean larvae have served as distinguished models in the
field of Ecological Developmental Biology or “EcoDevo”
for many decades. EcoDevo examines how developmen-
tal mechanisms and their resulting phenotype depend
on an environmental context as seen in “real-world envi-
ronments” and explores how developmental pathways
incorporate environmental cues to generate context-
dependent phenotypes including resulting fitness differ-
ences [51-53]. “Environment” in the EcoDevo-context
includes abiotic and biotic factors (e.g. temperature, food,
conspecifics, predators), but also endocrine disruptors
(i.e. environmental compounds that can disrupt normal
development by changing gene expression) and terato-
gens (i.e. compounds causing birth defects) modifying
normal development [51-53]. A contemporary line of
research in the field of EcoDevo aims at gaining insights
into the immediate tolerance of organisms and their
evolutionary potential to adapt to the changing physical
and biotic environmental conditions created by anthro-
pogenic climate change [54, 55]. Phenotypic plasticity
and evolutionary adaptation are currently discussed as
essential mechanisms for organisms to adapt to environ-
mental change in marine ecosystems [56, 57]. Such pro-
cesses ultimately will determine which species will adapt
to climate change so that an EcoDevo perspective may be
critical to understand and predict the future of organisms
in a changing world [54]. More and more, understand-
ing synergism and antagonism among multiple environ-
mental drivers is recognized as essential to predict future
species distribution [57-59] and decapod larvae are well
suited to analyse such effects of combined multiple driv-
ers (e.g. [42, 44, 45]).

Cells, tissues, and organs are at the basis of all biologi-
cal processes outlined above. Already at hatching, deca-
pod crustacean larvae possess a wealth of organ systems,
many of which also characterise the adult animals, nec-
essary for autonomously surviving and developing in the
plankton and suited to respond adaptively to fluctua-
tions of environmental drivers. These include for exam-
ple a sophisticated digestive system, osmoregulatory
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and respiratory organs, a well-developed neuromuscular
system, and a range of sensory organs to detect environ-
mental cues (Table 1). As the larvae develop, their organs
continue to grow in size and complexity. The digestive
system adapts to changes in the larval food spectrum and
energetic demands as the animals grow. The central nerv-
ous system integrates new input from sensory organs on
the enlarging body surface and generates adaptive behav-
iours as the larvae of benthic species change from life in
the water column to life on the ocean floor. The respira-
tory and excretory organs adapt to increasing physiologi-
cal demands as the animals increase their body size and
metabolism. Table 1 summarises previous studies on
organogenesis in reptantian crustaceans. To study organ
development, researchers need a set of state-of-the-art
methods, appropriate for the different demands of the
different structures and for the usually very small size of
the larvae. Furthermore, for descriptions of larval mor-
phology, which is one major field of crustacean research
with a very long tradition [12, 60-62], techniques for lar-
val culture, and fixation and preparation of specimens are
necessary. This review sets out to provide an overview of
such methods to study the morphology and organogen-
esis in decapod larvae. This first section focuses on larval
rearing, preparation, and fixation whereas the compan-
ion paper [63] describes the cytological and histological
methods in more detail.

Obtaining and handling larvae

Introduction

The study of larval development and physiology (meth-
ods described in the following sections) requires the use
of appropriate rearing techniques in order to reach the
desired stage in sufficient numbers for a meaningful sam-
ple (Fig. 3). Furthermore, the chosen larval stages have to
be correctly sampled to allow for further processing and
analysis (see sampling techniques in the following sec-
tions). Here, we give a brief overview of methods for rear-
ing decapod larvae, with emphasis on those developed
and tested in the laboratory led by Klaus Anger ([64]) for
nearly 40 years (see [10, 16, 19, 65, 66]) at the Biologis-
che Anstalt Helgoland (Alfred-Wegener-Institut, Helm-
holtz-Zentrum fiir Polar- und Meeresforschung). Most
of Klaus Anger’s former students, including ourselves,
have adopted these methods and continue to improve
them [42, 45, 67-71]. Details of rearing methods have
been extensively reviewed over the past 50 years [72-78]
mostly for aquaculture. In this review, we focus on lar-
val rearing for experimentation, and hence do not cover
mass-rearing for aquaculture production. At the experi-
mental level, we cover aspects of the execution (i.e. lar-
val rearing); yet, many aspects of the experimental design
depend on the question asked by the researcher and
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Table 1 Examples for studies on late embryonic and larval
organogenesis in representatives of Decapoda and other

(2021) 75:3

selected Malacostraca including methodological approaches

General external morphology

Compendia with line drawings based
on LiMi

Hippolyte inermis

Carcinus maenas

Portunus acuminatus

Xantho poressa, Xantho pilipes

Gnathophyllum elegans

Periclimenes amethysteus

Several Anomura

Several Stomatopoda

Several Polychelida

Hippidae

General anatomy

Hippolyte inermis

Cancer anthonyi

Portunus trituberculatus

Carcinus maenas

Maja brachydactyla

Mouthparts and digestive tract

Several Anomura

Maja brachydactyla

Hyas araneus

Scylla olivacea

Scylla serrata

Ucides cordatus

Dyspanopeus sayi

Sesarma curacaoense

Several Brachyura

Ranina ranina

Menippe mercenaria

Paralithodes camtschaticus

Homarus americanus

Astacus astacus, Procambarus fallax f.
virginalis

Jasus edwardsii

Macrobrachium amazonicum

Palaemon elegans

Lysmata amboinensis

Porcellio scaber

Osmoregulatory epithelia

Carcinus maenas

Eriocheir sinensis

Callianassa jamaicense

Astacus leptodactylus

Several Brachyura and Anomala

Homarus americanus

Palaemontes argentinus

Litopenaeus stylirostris

[12,60-62]

clsm, SEM [108]
uCT, 3D [35]
SEM [32]

SEM [109]

SEM [110]
SEM[111]

EF, LiMi [112]
EF[113]

EF [114]

EF [115]

clsm, SEM [108]
PH[116]
PH[117]

uCT, 3D [35]
uCT, 3D [92]

EF, LiMi [112]

WCT, PH, SEM, TEM [118, 119]
STH, TEM [84, 120]

PH [121]

PH [122-124]

PH [125]

SEM, LiMi [126]

PH [127]

SEM [128]

PH[129]

SEM [130]

PH[131]

TEM, SEM, STH [97, 130, 132]
SEM, TEM, PH [133, 134]

SEM [135]

SEM [136]

SEM, TEM [34, 136]
PH, SEM [137]

STH, SEM, TEM [138]

IHC, SEM [139], LiMi [140]
HC [141]

TEM [142]

IHC, PP, SEM [143]

LiMi [140]

IHC, TEM [144]

IHC, PH [145, 146]

IHC, STH [147]

Table 1 (continued)
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Crangon crangon
Antennal glands
Astacus leptodactylus

Homarus gammarus
Macrobrachium amazonicum
Palaemontes argentinus

Integument and tegumental glands

Hyas araneus

Sesarma haematocheir
Multiple species

Y organ

Cancer anthonyi

Hyas araneus

Muscle

Several decapod species
Homarus americanus
Idothea bdltica

Sensory dorsal organ
Several decapod species
Eyestalk neuroendocrine centres
Cancer anthonyi
Homarus gammarus
Compound eyes
Several species

Carcinus maenas
Hemigrapsus sanguineus
Rhithropanopeus harrisii
Various Anomala
Panulirus longipes
Procambarus clarkii

Alima pacifica

Aesthetascs
Carcinus maenas
Cherax destructor

Structure of the larval CNS and
neurogenesis

Carcinus maenas

Hyas araneus
Pachygrapsus marmoratus
Porcellana platycheles
Cherax destructor
Homarus americanus
Homarus gammarus

Hippolyte inermis

IHC, SEM, STH [148]

SEM, TEM, IHC [149, 150]

HC[151]
IHC, PP [152, 153]
IHC, PP [146]

STH [120]
TEM [154]
STH, TEM [155]

STH[156]
STH[120]

IHC [157]
HC [158]
HC [159]

SEM [160]

STH[156]
STH, IHC [161, 162]

STH, PM, TEM [163, 164]
STH, PM [30]

STH[165]

STH[165]

STH[166]

TEM [167]

STH, TEM [168]

3D, osmium-ethyl gallate
staining [169]

SEM, TEM [170]
SEM, LiMi [171]

Embryonic neurogenesis was
recently reviewed [172-174]
and will not be considered
here

STH, uCT, 3D, IHC [175-178]
IHC, PM, STH [179-183]
STH, 3D [184]

STH, 3D [184]

PM 171,185, 186]

STH, PM, IHC [183, 186-192]
STH, TEM, IHC [161, 162]
STH, 3D [184]

clsm: confocal laser-scan microscopy; EF: epifluorescence, IHC:
immunohistochemistry; LiMi: light microscopy of external morphology; uCT:
X-ray microscopy; PH: paraffin histology; PM: proliferation markers; SEM:
scanning electron microscopy; STH: semithin histology; TEM: transmission

electron microscopy; 3D: 3D reconstruction
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Fig. 3 Collection and maintenance of berried crab females. a Collecting berried females in the rocky intertidal of the island Helgoland (German
Bight, North Sea; photo S. Harzsch). b Baited traps (photo G. Torres). ¢ Individual rearing of berried females (Carcinus maenas) prior to hatching
(photo Z. Sargac). d Hemigrapsus sanguineus, berried female releasing larvae (photo N. Espinosa). Arrows in d point to the eggs with embryos being

carried by berried females

should follow standard procedures of sampling theory.
We refer to key references for the extensive discussion of
experimental design [79-81]. Instead, we emphasise four
cornerstone elements that are essential to larval rearing:
who?, how?, where? and how long? Finally, yet importantly,
the most essential rule: be patient (additional comments).

Description of methods

Who? “Each species is a different world”

Finding out how to rear the larvae of a “new species” (i.e.
newly hosted in the lab) requires a series of preliminary
experiments, the output (a meaningful result) is an opti-
mal rearing method for the larvae in question. Literature
research focussed on rearing methods for early stages
(i.e. larvae) of the target or a similar species (see Table 2
for examples) is the starting point to develop a new
method. In addition, such literature research is invaluable
for exceptional cases (e.g. for the morphological descrip-
tion of a new species), when only one berried female (i.e.
female carrying eggs with embryos, see arrows in Fig. 3c,
d) is available. In this situation, careful consideration

of the embryos’ size and the amount of reserves in the
embryos may point to the size and nutritional require-
ments of the first larval stage. For instance, large embryos
will develop into large larvae, lecithotrophic larvae can be
expected from embryos with a high amount of reserves
(e.g. Sesarma meridies [82]; while small embryos with
low reserve amounts will likely produce planktotrophic
larvae (e.g. Cancer pagurus [83]. The methods used to
rear larvae vary considerably among species, according to
the size, shape, presence of spines, and the environmental
conditions required for optimal survival (e.g. tempera-
ture, salinity, dissolved O,, food availability, among oth-
ers). For instance, species with long spines may require
larger containers and gentle (or no permanent) bubbling
as compared with species with short spines. Species with
slow swimming larvae may need stronger aeration. Spe-
cies producing relatively large larvae (>10 pug dry mass)
may be reared using Artemia sp. nauplii as the only food
source, but those producing smaller larvae may require
additional (or other) food sources (e.g. rotifers, micro-
algae). Some species are quite suitable for rearing and
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have been adopted as models (Hyas araneus: [65, 84—
87]); there are other species where success is only partial
(Cancer pagurus: [83]).

The optimization of rearing methods is not only about
trying different types of containers or environmental
conditions. In order to find out what the larvae are doing
inside the rearing containers and to obtain critical infor-
mation, long periods of observation are essential. For
instance: if larvae are cannibalistic, individual rearing is
mandatory; if they interfere with each other while swim-
ming, a lower density is vital and gentle aeration (or no
aeration) is a must. If they are physically damaged by the
walls or any other structure placed inside the container,
another type of container is required; if they try to feed
but cannot capture prey, or if they do not try to feed,
another diet is needed. Furthermore, how larvae respond
to light or aeration determines how to regulate the light
cycle and light intensity, or strength of air bubbles.

How will the culture proceed?

There are two potential sources of larvae: either they are
directly collected in the field (“wild” larvae) or they are
obtained from berried females collected in the field and
kept in the laboratory until hatching. Here, we focus on
methods based on larvae obtained from berried females.
For “wild” larvae (i.e. collected in the field), the rearing
methods described here also apply as long as the species
is known and specimens are handled with great care dur-
ing collection (e.g. avoid individuals being entangled with
the mesh of a plankton net). If the species is unknown,
observations on morphology and size may help to infer
the optimal rearing methods (see below).

The first step in the successful rearing of larvae is the
collection and maintenance of healthy berried females.
Each species will require specific collection methods
(see literature cited in Table 2) depending on the habi-
tat: for instance, the use of a dredge (e.g. Hyas araneus
[65]) or baited traps (e.g. Carcinus maenas and Homarus
gammarus [88], Fig. 3) for subtidal species, careful hand
collection for intertidal and semi-terrestrial species (Car-
cinus maenas [44], Metopaulias depressus [89], Fig. 3).
Besides, it is essential to consider the temporal range
of the reproductive period, when the berried females
are available. The timing of collection, considering the
length of embryogenesis, will be essential for the aims
of the study: i.e. early embryos will allow for manipula-
tion during the embryonic development [45], while late
embryos will minimise the acclimation to the laboratory
conditions [42]. Furthermore, while the berried females
are being transported, a high-quality environment is crit-
ical; this includes a constant temperature similar to the
collection habitat, enough ambient humidity or access to
sufficient water, O, availability, and adequate space per
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individual. The maintenance of the females in the labo-
ratory must ensure that females are in an environment
similar to the natural habitat (e.g. access to dry periods
for intertidal species, optimal temperature, dark:light
periods, access to food, Fig. 3). In addition, unneces-
sary manipulation should be avoided in order to mini-
mise stressing the animals. Water quality is of utmost
importance (see next section): some species will need a
flow-through system, where water is renewed constantly
(e.g. Homarus gammarus [90]; others may be kept in
aquaria in still water with periodic water changes (e.g.
Armases miersii [91]. In a flow through system, an appro-
priate collection system must be in place, where the lar-
vae are gently gathered in a sieve located in the outflow of
the aquaria. In aquaria, the water quality at hatching will
determine a successful larval rearing; thus, it is important
to provide enough water volume in the aquaria to ensure
relatively low densities of the newly hatched larvae (see
Fig. 3e, d).

To ensure a maximum of health, thus high survival, lar-
vae have to be handled with much care and reared in a
high-quality habitat, mimicking the natural environment
as much as possible. In general, larvae are very sensitive
to manipulation (e.g. water changes) and therefore, it is
essential to be gentle. For most species, and in particular,
for stages with large spines, pipetting (using wide-bore
glass pipettes) each individual is better than using a sieve
when transferring larvae from one container to a new
clean one. Nevertheless, when larvae are more robust,
sieving could be useful to save time in mass-rearing cul-
tures (see below). To obtain abundant survivors, the best
possible environment (regardless of experimental treat-
ments) is an essential requisite, thus the highest water
quality and high hygiene standards (e.g. researcher, rear-
ing room, equipment) are key.

Water quality The water quality is critical to complete
successfully the larval development. Thus, natural water,
originating from an unpolluted source and with a low
nutrient charge, should be treated with UV-light and fil-
tered (0.2—1 um filter) before use to avoid contamination
with other small organisms (in some cases, even auto-
claved). Moreover, the researcher has to consider also
other abiotic (i.e. O, concentration, light, temperature,
pH, etc.) and biotic variables (e.g. absence of other organ-
isms, food quality, and concentration, etc.). The concen-
tration of dissolved O, is essential, as it will provide the
necessary O, required for respiration, but also prevent a
decrease in pH. Ambient light is crucial to ensure devel-
opment. Different species may have different require-
ments of e.g. photoperiod and light intensity (e.g. [92]).
Most organisms have a range of temperatures where they
are able to develop (e.g. [42, 43, 83, 84, 93]). Some lar-
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Table 2 A non-exhaustive table of species and references to  Table 2 (continued)
larval rearing methods in decapod crustaceans Group Species References
Group Species References Neopanope sayi 217]
Lobsters Homarus americanus [99] Panopeus austrobesus (224]
Homarus gammarus (85, 90] Panopeus herbstii [217]
Nephrops norvegicus [193] Perisesarma fasciatum [225]
Caridean shrimps Crangon crangon [194] Petrolisthes laevigatus [226]
Crangon allmanni [194] Petrolisthes violaceus [227]
Campylonotus vagans [195] Pilumnus hirtellus [85]
Macrobrachium amazonicum [196] Pinnotheres pisum [85]
Macrobrachium pantanalense [153] Rhithropanopeus harrisii (217]
Palaemon spp. [197,198] Sesarma curacaoense [228]
Palaemon argentinus [199] Sesarma cinereum (217]
Palaemon serratus [200] Sesarma dolpinum (229]
Palaemon varians [201] Sesarma fossarum (230]
Palaemonetes zariquieyi [68] Sesarma meridies (82]
Pandalus montagui [202] Sesarma windsor (229]
Anomuran crabs Galathea squamifera [85] Sesarma rectum [231]
Galathea intermedia [203] Uca thayeri (232]
Lithodes maja [204]
Lithodes santolla [67]
Pagurus bernhardus [205] vae are lecithotrophic (i.e. they develop with the reserves
Paralomis granulosa [67] invested by the mother); others need prey. There are many
Brachyuran crabs Armases angustipes [206] aspects to consider when choosing the food. For instance,
Armases miersii [91] the type of food will depend on whether the larvae are
Armases roberti [66] carnivores, herbivores, or omnivores; prey size has to be
Armases ricordi [207] adequate to the predator’s size (i.e. slightly smaller). Also,
Cancer pagurus 183, 85] the appropriate food concentration must be considered.
Carcinus maenas [44, 85] To achieve the above-mentioned high water quality,
Cardisoma armatum [208] water in the cultures has to be renewed on a daily basis.
Chiromantes eulimene [209] The main issue is finding a balance between the time
Chiromantes ortmanni [210] invested in the daily water change and the stress caused
Cyrtograpsus affinis R211] by manipulating the sensitive larvae. The use of wide-
Friocheir sinensis [93,212] bore glass pipettes (Fig. 4c) causes less stress during
Geograpsus lividus [213] manipulation, thus it should be preferred for sensitive
Hemigrapsus sanguineus [43) larvae (e.g. with long spines). When using a wide-bore
Brachyuran crabs Hexapanopeus schmitti [214] glass pipette, the pipette has to be wide enough to avoid
Hyas araneus [65] damage to the larval spines. The disadvantage of this
Hyas coarctatus [215] approach is that it is time-consuming, so it would be
Inachus dorsettensis 216] more suitable for individual and group rearing. The use
Libinia emarginata 217] of a sieve (Fig. 4e) can save time when performing mass
Libinia ferreirae 218] rearing. Here, the key issue is whether the larvae are
Liocarcinus holsatus [219,220] sufficiently robust to withstand the stress caused by the
Macropodia rostrata 1202] sieving. When pouring the culture-water into the sieve
Maja brachydactyla [221 larvae must not fall directly onto the mesh. Thus, the
[
[

Maja squinado
Menippe mercenaria

Metasesarma rubripes
Metopaulias depressus
Necora puber
Neohelice granulata

2021 sieving equipment (i.e. sieve and collecting vessel, see

1 Fig. 4e) should have the following characteristics: (1)
the sieve has to be large enough (e.g. 10-15 cm high,
5-10 cm diameter; Fig. 4”) while still being manage-
able (e.g. to be held with one hand). (2) The mesh-size
should be significantly smaller than the larval size (to
avoid snagging and/or breaking the spines). (3) The
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Fig. 4 Obtaining and rearing crab larvae. a Climate-controlled rooms for larval rearing (photo Z. Sargac). b Daily water changes and feeding of

‘5-10 cm|

over- @

larval cultures (photo S. Harzsch). ¢ Rearing containers: 20 ml vials for individual rearing; 60 ml and 500 ml bowls for group rearing (from right to
left); wide-bore glass pipettes (photo G. Torres). d Rearing containers: 2 L vessels for group rearing; 5 L bottles for mass-rearing (photo G. Torres). e
Sieving equipment. e’ Collecting vessel with water overflow. €” Sieve (ca. 10-15 cm high, 5-10 cm diameter) with lateral incisions (photos G. Torres)

sieve should be partly submersed in the collecting ves-
sel (e.g. water level ca. 1-3 cm above the mesh). (4)
The collecting vessel should allow overflowing to main-
tain identical water levels inside and outside the sieve
(Fig. 4e, €’). (5) The sieve should have lateral incisions
below the mesh to allow drainage of culture-water into
the collecting vessel (Fig. 4e”). After pouring the larvae

into the sieve, the concentrated larvae can be pipetted
out with a wide-bore glass pipette.

Cleanliness The researcher must ensure a high level of
personal cleanliness to avoid contamination of the larval
cultures (for instance, with food rests, dirt, or any other
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material, or with chemical residues). Rearing rooms (see
next section for details) are usually a moist environment
that favours mould growth. Therefore, rooms and work-
ing surfaces should be dried and cleaned periodically
(usually at the end of the day). To avoid contamination
with chemicals, it is advisable to keep chemicals (except
perhaps ethanol) outside of the rearing room. When rear-
ing occurs in temperature-controlled incubators (see next
section) instead, these require special care: they need to
be cleaned periodically and checked for ice formation
(ideally, there should be a backup incubator in standby to
alternate the use/rest and in-depth cleaning/de-icing of
the available equipment). The walls of some incubators,
as well as other furniture in rearing rooms, may be metal-
lic. When working with seawater, those surfaces must be
thoroughly rinsed with freshwater and dried to avoid cor-
rosion due to salt deposits formed on a surface (this is also
valid for stainless steel).

Rounded glass containers (vials, bowls, vessels, or
bottles) are preferable to rear larvae, as they are dish-
washer safe and autoclavable, but many types of plas-
tic containers are usually quite useful as well (Fig. 4).
Rearing containers, and any other material, should be
cleaned periodically. Depending on species, cleaning
may consist of e.g. rinsing containers with hot freshwa-
ter during the daily water change. Before transferring
the larvae, rearing containers need to be rinsed with
seawater, or the appropriate experimental salinity, to
avoid changes in salinity due to freshwater residues.
Additionally, a weekly thorough cleaning of the con-
tainer (e.g. scrapping with a brush) may be required.
The nature and length of the experiment will determine
when containers will need to be dish-washed (with
detergent) and/or fully sterilized.

Where? Rearing containers and space

To control the external experimental conditions of the
cultures, especially a pre-determined temperature, lar-
val rearing may be executed in climate-controlled rooms
and/or incubators. The former has the advantage to allow
for a larger experimental set-up with fewer treatments
(ideal for mass-culture; Fig. 4). The latter allows for a
smaller experimental set-up but with more treatments in
a reduced space (ideal for individual rearing).

Larval rearing methods reflect a balance between the
need for high habitat quality and space availability inside
the laboratory or incubators. We classify larval rearing
in three categories: individual, group, and mass rearing.
Individual rearing is the best available method (unless
the experiment involves interactions among individu-
als); however, it demands a high number of containers,
increased handling effort (i.e. more time consuming),
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and usually larger spaces to allocate all the replicate con-
tainers (Fig. 4). Individual rearing is usually carried out
in small glass vials (*=20-100 ml) to optimise space and
handling time (Fig. 4c). Group rearing consists of cultur-
ing a group of individuals in replicate 100-500 ml bowls
(10-50 larvae; Fig. 4c) or 1-3 L vessels (100-200 larvae;
Fig. 4d). Finally, mass rearing may be carried out with
100 s to 1000 s of larvae in large bottles (>5 L; Fig. 4d).
Keeping larval density as low as possible is the critical
issue here. Unfortunately, there is no standard rule about
the optimal larval density because the consumption of
food and oxygen as well as the excretion of e.g. ammo-
nia will depend on the rearing temperature, body mass,
and level of activity of the species/stage being reared.
Checking literature dealing with larval rearing of a simi-
lar species is the starting point to decide the rearing
density. When information is not available, preliminary
experiments using different rearing densities will pro-
vide the optimal density; our “rule of thumb”: keep larval
density: ~10 pg dry mass per 10 ml of water. However,
we have managed to rear larvae of the European lobster
(1 mg of dry mass) in 100 ml of water with 80-100%
survival rates, albeit in individual containers [94]. In an
optimal situation, aeration is provided by bubbling air
into the rearing container, but bubbling may not be pos-
sible in many rearing containers. In that case, preliminary
experiments should provide information on optimal lev-
els of oxygenation. For optimal rearing, without bubbling,
we recommend glasses of a wide surface to volume ratio
and daily water changes.

How long will the experiment take place? Beware
of the moult cycle!
In the case of crustaceans, understanding the moult
cycle is essential for the appropriate larval rearing; each
larval instar consists of a separate moult cycle character-
ized by rapid developmental changes. A key discovery
in the study of the biology of decapod crustacean larvae
was that the changes associated with the moult cycle are
accompanied by important changes in other physiologi-
cal variables [82]. Individuals can duplicate their body
mass and exhibit important changes in their elemental
and biochemical composition, as well as in metabolic
rates ([10]); in addition, patterns of tolerance to stress-
ors change within the moult cycle ([66, 95, 96]). There
are two corollaries from those findings: (1) larval rearing
procedures, aimed at quantifying physiological changes,
must ensure the tracking of groups of larvae with dif-
ferent moulting histories, and (2) data must be reported
with reference to the larval stage and the age within the
moult cycle (e.g. [86]).

Tracking groups of larvae, with different moulting his-
tories, requires that individuals moulting on different
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days are monitored closely and kept in separate glasses.
Depending on the objective of the experiment, the rear-
ing may start with a single mass culture; as larvae moult
to a new stage, the culture is split progressively into new
rearing containers after each daily check. This procedure
has to be repeated when larvae moult to a subsequent
stage. To save space (rearing containers) and handling
time (water change of many containers), another option
is to split the culture only as soon as the instar of interest
is reached.

Additional comments

Be patient: the longer way is faster and boring is good

Given the current existing pressure to publish in the sci-
entific community, it is natural to want to develop experi-
ments and produce publishable results as quickly as
possible. However, rearing larvae, especially for the first
time, requires usually 1-3 months devoted to prelimi-
nary experiments, where none of the results produced
will be publishable.

The longer way is faster: Culturing a new species
demands a series of preliminary experiments aimed
to create a protocol for optimal rearing conditions: i.e.
optimising the container type (size and shape), level of
aeration (bubbling) and larval density required, as well
as determining the combination of environmental fac-
tors that maximise survival. Furthermore, it is crucial
to acquire sufficient manual skills to be able to gently
pipette larvae in and out of the different rearing con-
tainers as well as identify species and/or specific larval
stages. To ensure maximum larval survival, these have
to be treated gently, which requires allocating an impor-
tant amount of time to larval handling (counting of lar-
vae, removal of dead individuals, and determination of
moulting stages). Additional time should be allocated to
preparing new water, clean the rearing containers, incu-
bators, and rearing room. Within days and/or weeks of
practice, the handling time will get shorter and eventu-
ally reach an optimum. Skipping the phase of the prelimi-
nary experiment has many risks, only justifiable when
not many berried females are available. In the long run,
rushing in order to “save” time may cause the experiment
to fail; hence, going through the long way by running
preliminary experiments will allow getting faster to the
phase of obtaining reliable results.

Large experiments imply a vast demand in time avail-
ability, which requires a change of behaviour in the
researchers involved. Many activities performed dur-
ing the workday (i.e. computer work, breaks, teaching,
administration, etc.) have to be arranged around the
requirements of larval rearing. In addition, larvae only
follow the moult cycle, without any regard to weekends,
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bank holidays, etc.; they just need their clean water and
food when it is due. If a daily water change is missed, it
may result in failure of the entire experiment (that may
have been running for months). Therefore, a critical point
for the researcher is to find the limitations regarding how
much time can be allocated to larval rearing per day, to
maintain an appropriate balance between work and free
time but to ensure obtaining data of quality. Besides, the
project leader has to evaluate the needs of each experi-
ment in terms of handling time, in order to allocate the
appropriate workforce. As in any other area of experi-
mental sciences, there is a point when it is better not to
run an experiment, rather than running a bad one. If the
question addressed allows, it is better to stagger a large
experiment over a long period (e.g. several months)
instead of trying to run many parallel replicates within a
short time (e.g. 4—5 weeks). Large experiments demand
intensive work over an extensive period: in some sense,
as you cage larvae into your rearing containers, they will
cage you inside the lab.

Boring is good: Running a large experiment demands
patience, as the same work is repeated every day over
a long period. In an “uneventful” (standard) day, the
researcher gets to the lab, spends long hours checking
the experiments, collects data into a table (or collect sam-
ples), and goes home; some days are “eventful” because
something wrong happens (e.g. food fails, water is not
ready to use as it was not prepared in advance, etc.). Usu-
ally, it is during the analysis (data or sample analyses)
that the researcher will regret making decisions based on
impatience and going through the shortcuts. By then the
situation is irreversible as the experiment is finished with
insufficient individuals for sampling or bad quality data.
Instead, a researcher with a patient attitude will enjoy the
period of sample and data analysis and appreciate all the
time and effort spent in the laboratory.

Conclusion: preliminary experiments are the key to success

As mentioned above, preliminary experiments are the
key to mastering rearing techniques, get self-confidence
and ensure high data-quality from the main experiments.
It is important to recognise that the time invested in pre-
liminary experiments will not provide data of sufficient
quality to warrant a publication, but will ensure a smooth
running of the subsequent experiments. In a prelimi-
nary experiment, it is advisable to run a smaller version
of the full experiment with a couple of repetitions in a
temporal sequence. The temporal sequence (instead of
parallel runs) enables the researcher to use the previous
experience and apply the acquired knowledge to improve
the work in the following sequence. Self-confidence
is acquired after repetition and the confirmation that
results are consistent across experimental runs and also
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are consistent with those obtained in a previous study (if
such study is available).

Preparation and fixation

Introduction

In order to ensure tissue preservation, a chemical fixa-
tion is the first step in all histological methods that we
will describe in the companion paper [63]. The prepara-
tion and chemical fixation of the larvae is a key step that
defines whether the subsequent histological processing
will be successful. Arthropods in general, no matter how
small they are, show low permeability to any fixative that
has to go through their cuticle. As a rule of thumb, the
higher the microscopic detail required, the more impor-
tant proper fixation becomes. The low permeability of
the cuticle delays the penetration of fixatives and thus
may reach the organs when they are already in the pro-
cess of deterioration. Therefore, a preparation that at low
microscopic magnification of semi-thin sections seems
acceptable may later turn out to be unsuitable to show
ultrastructural details under the transmission electron
microscope (TEM). In addition, the subsequent infiltra-
tion with the reagents needed to process a specimen e.g.
for TEM analysis is slowed down by the low permeabil-
ity of the arthropod cuticle. Note that the overwhelming
majority of chemicals and reagents used in histology are
highly toxic. Therefore, carefully consider the health and
safety regulations in the laboratory (e.g. wear of personal
protection equipment, proper storage of chemical fixa-
tives); besides, strictly keep away those chemicals from
larval cultures. In the following, we will describe basic
aspects of fixation. In the companion paper [63], we will
briefly repeat selected aspects of fixation related to the
individual techniques described there.

Description of method

Dissection

The two main strategies we recommend to minimize the
effects of slow penetration of the fixative are (1) to dis-
sect even small arthropods to make tissue accessible for
the fixatives (and other chemicals; [84, 97]), and (2) to
use cold to slow down the decay of the tissue (e.g. cold
solutions and/or cooling dishes on cold packs). The first
step is to anaesthetise the live organisms by chilling (i.e.
exposure to a cold environment) until their movement
stops. We recommend cooling the larvae for 5 min,
immediately dissect them submerged in the fixatives
(under a fume hood), and transfer them to a vial with
fresh fixative and store them at 4 °C for at least 24 h. Dur-
ing dissection, the illumination source (from the top, the
side or below) and choice of background (black versus
transparent) need to be optimised. Furthermore, well-
prepared tools are needed (Fig. 5). For example, fine and
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superfine tip forceps (e.g. Dumont® no. 5—tip dimen-
sions: 0.05x 0.01 mm; Dumont® no. 5 superfine, tip
dimensions: 0.025 x 0.005 mm) are ideal instruments for
dissection. If necessary, the forceps can be sharpened on
a fine Arkansas grinding stone in a drop of immersion oil
(Fig. 5; squeeze tips of forceps carefully together, grind all
sides but the inner ones at a low angle to obtain square
tips, then sharpen all four outer corners at an angle of 45°
to obtain trapezoidal tips). By following this procedure,
forceps finer than newly bought ones can be obtained.
Furthermore, the use of scalpel blades with a rounded
blade is useful, but only for a few cuts, because they will
get dull quickly. Pieces of razor blades or micro scissors
may also do the job. In order to create little perforations
on the cuticle, the use of very fine minutiae or pieces of
tungsten wire is recommended, without touching the
surroundings of the organs of interest. To create the very
pointy tips, tungsten wire can be sharpened electrolyti-
cally or on sandpaper. Following this procedure, it is pos-
sible to obtain an excellent fixation even of specimens
that are larger than what is often considered a maximum
tissue size (i.e., 1 mm?®) in textbooks on electron micros-
copy. Careful preparation will provide an advantage for
all the subsequent steps (e.g. infiltration will enhance
processes: the penetration of the fixatives, dehydration,
and embedding in resin).

We recommend dissecting in glass Petri dishes with
SYLGARD® 184 Elastomer outfit (black or transparent;
or any silicon-based outfit of an elastomer) at the bottom
to avoid bending or breaking the extremely sensitive tips
of the forceps. At least a few appendages such as spines,
limbs, or the pleon (those you do not intend to analyse)
should be cut off under a stereo microscope to ensure
access of the fixatives (e.g., Hyas araneus [84], Homarus
americanus [97]. When cutting off appendages, never do
this near the organs that you want to analyse, because
they may be mechanically affected. Using minutiae or
pieces of very fine tungsten wire to perforate the cuticle
will improve fixation even of very small specimens. How-
ever, minimise touching the specimens with mechanical
devices such as forceps to avoid damage or use tweezers
with soft tips. Therefore, it is advisable to leave the speci-
mens within the fixation containers (use small glass vials
and not plastic tubes), where they had been transferred
to after the dissection. During the subsequent steps, just
change the solutions with pipettes without touching the
specimens. The preparation should be performed in the
cold and all solutions and glassware during the fixation
process should be kept cold (e.g. on ice). For the prepara-
tion under the stereomicroscope, use a cold pack or Pel-
tier cooling element to keep specimens and slides cold.
Make sure not to freeze the specimens as ice crystals may
change the integrity of the tissues.
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Fig. 5 Helpful tools for microdissection of Zoeae and other minute arthropods (all photos by R. Melzer) a Tools for dissection, mounting, and
mechanical cleansing of larvae. Micro scissors, forceps size “5", scalpel, razor blade or small pieces of razor blades, minutiae, tooth sticks with
eyelashes glued onto their tips. b—f How to sharpen forceps. b Forceps in a not useful state. ¢ Same forceps as in b, sharpened. d Sanding the tip to
get equal-length arms on extra fine Arkansas grinding stone in oil. e Sharpening of sides of arms. f Tapering the upper outer edges

Fixation

During the fixation process, the specimens will be for a
long time in vials subjected to various aqueous and non-
aqueous solutions. Some tricks that may dramatically
improve the results: (a) Specimens should never float
on the surface of the fixative; they must be completely
submerged in it. To ensure that the specimens are sub-
merged, they may be carefully pushed down with a nee-
dle or by carefully squeezing a little plug of cotton wool
into the vial. (b) Specimens should not dry out. A couple
of drops of the old solution should always be left in the
jar before adding the next solution with a pipette. The old
solution will be eliminated in the subsequent washing
steps. (c) Avoid the transfer of traces of the old solution
into the next steps by using a fresh pipette for each step.
(d) Eliminate all traces of water before the specimens
are transferred to the non-aqueous solutions. A trace of
water in the last dehydration steps and/or in the resin will
result in badly polymerized resin blocks. (e) Follow the
instructions of the manufacturers written on the package
leaflets of your reagents.

In Table 3, we have summarized which fixatives in our
view are optimal for the various histological methods and
list which fixatives may provide acceptable results. Ide-
ally, you have a well-equipped histology lab available to
process samples from lab rearing but that may not always
be the case. For example, among the available fixatives,

the most commonly used for routine plankton fixation
is 2—4% formaldehyde in seawater. However, this mix-
ture is the least suitable for most histological techniques,
because it causes shrinkage and various types of deforma-
tions. Nevertheless, formaldehyde or paraformaldehyde
provide sufficient fixation for many immunohistochemi-
cal techniques and subsequent analysis with a fluorescent
microscope (Table 3). For example, a typical immunobhis-
tochemical protocol requires immersion in 4% paraform-
aldehyde (PFA) in PBS (0.1 M phosphate-buffered saline
pH 7.4) for 4 h at room temperature.

Furthermore, when working with marine organisms
in a lab setting and controlled conditions, the osmolar-
ity of the various fixative needs to be adjusted by add-
ing non-electrolytes like sucrose or glucose [98, 99] to
avoid volume changes of tissue. We recommend adding
2-5% glucose (or even 9%) to adjust the solution osmo-
larity to that of the larval body fluid. As there are con-
siderable differences between decapod taxa, we suggest
starting with 2% and if necessary, optimise by trying
out different concentrations. If you can control fixation
in a lab setting, adjusting the osmolarity is a must for all
fixatives described below (see also Table 3).

If you do not depend on already fixed plankton sam-
ples but instead can control fixation yourself in the
lab, we recommend using glutardialdehyde instead
of formaldehyde and diluting it in phosphate or
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Table 3 Recommended fixatives discriminated by suitability for each specific method

Histological technique

Recommended fixatives

Acceptable fixatives

External observation: light microscopy and epifluo-

rescence
Immunohistochemistry PFA

Micro CT Bouin's, PFA
Scanning electron microscopy FAE, AAF

Paraffin histology
Semithin sectioning
Transmission electron microscopy

PFA, FASW, Karnovsky's

Bouin's, Karnovsky's

75% ethanol

FASW

FASW, Karnovsky's, 75% ethanol
75% ethanol

FAE, PFA

Bouin's, Karnovsky's or FAE followed by OS
Karnovsky's, GA or TA, followed by OS; GAOS

AAF: 85 ml 100% ethanol, 5 ml glacial acetic acid, 10 ml 37% formaldehyde*

Bouin's fixative: 10% formaldehyde, 5% glacial acetic acid in saturated aqueous picric acid 1.2%*

FAE: 150 ml 80% ethanol, 60 ml 37% formalin, and 15 ml glacial acetic acid*
FASW: 4% formaldehyde in water from the animal’s habitat

GA: 4% glutardialdehyde in 0.1 M phosphate or cacodylate-buffered saline pH 7.1-7.3*

GAOS: 2-4% glutardialdehyde, 1-2% OsO, in 0.1 M cacodylate buffer pH 7.1-7.2*

Karnovsky’s solution: 2-4% formaldehyde and glutaraldehyde in 0.1 M buffer (phosphate buffer or cacodylate buffer) pH 7.1 to 7.2*

0S: 0.5-4% osmium tetroxide (OsO,) in 0.1 M buffer*
PFA: 4% paraformaldehyde in 0.1 M phosphate-buffered saline pH 7.4*
TA: 2% tannin, 2% glutardialdehyde in 0.1 M sodium cacodylate buffer pH 7.2*

*Adjust osmolarity as described in "Preparation and fixation" section

cacodylate-buffered saline (0.1 M, pH 7.1-7.3) instead
of seawater for TEM fixations (Table 3). However,
using glutardialdehyde is incompatible with fluorescent
probes because it increases the autofluorescence of tis-
sues. For larvae, aqueous fixatives often cause problems
for ultrastructural analyses because of the impermeable
cuticle even if a dissection was carried out as described
above. Most non-aqueous alternatives for scanning
electron microscopy (SEM) fixation are ethanol-based,
and these fixatives penetrate the tissues much faster
than aqueous solutions. Nevertheless, tissue fixation
quality is often not good enough, and the larval surface
integrity suffers from similar types of artefacts as with
water-based fixatives. A long-known fixative well estab-
lished in paraffin histology and semithin sectioning but
also applicable for SEM fixation is alcohol-glacial ace-
tic acid—formalin solution (AAF), a mix of 85 ml 100%
ethanol, 5 ml glacial acetic acid, and 10 ml 37% formal-
dehyde (Table 3).

For SEM, we have tried different concentrations of
ethanol [100] and the best preservation of the larval
shape was achieved by using a graded ethanol series
(i.e. starting with 30% ethanol for some minutes, fol-
lowed by slow dehydration in 50%, 60%, and 70%
ethanol), which resulted in excellent fixation of the
three-dimensionality of the larvae. For paraffin histol-
ogy and also semithin sectioning, frequently a forma-
lin—alcohol-glacial acetic acid solution (FAE) is used,
a mix of 150 ml 80% ethanol, 60 ml 37% formalin, and
15 ml glacial acetic acid (Table 3). For these histological

methods, also Bouin’s fixative is used frequently (10%
formaldehyde, 5% glacial acetic acid in saturated aque-
ous picric acid 1.2%). For X-ray microscopy, Bouin’s
solution or 4% paraformaldehyde (PFA) in phosphate-
buffered saline (PBS) or seawater have turned out to be
useful fixatives that will also allow immunohistochemi-
cal labelling after uCT-scanning (Table 3).

For TEM, a more sophisticated chemical fixation using
two subsequent steps is typically used. In a first step (the
“primary fixative”), tissues are immersed in a buffered
aldehyde solution (glutardialdehyde or a formaldehyde/
glutardialdehyde mix) to fix proteins. As the second
step (“osmication” or “secondary fixation”) tissues are
immersed in osmium tetroxide (OsO,) in a buffer to fix
double bonds, e.g., lipids of cell membranes (reviews in
[101, 102]). A typical TEM primary fixative is Karnovsky’s
solution, a mix of glutardialdehyde and paraformalde-
hyde in buffer (Table 3). The primary fixative usually con-
tains about 2 to 4% aldehyde in 0.1 M buffer (Sérensen
phosphate buffer or cacodylate buffer) at a slightly alka-
line pH (7.1 to 7.2) and is still done at 4 °C. In most pro-
tocols, the secondary fixation (also called “osmication”)
is carried out after washing the specimens several times
for a few minutes in 0.1 M buffer. The final osmium
tetroxide concentration (0.5-4%) should be present in
0.1 M buffer solution. The incubation times are strongly
dependent on the size and infiltration characteristics of
the specimens. In very small specimens, 30—60 min of
primary fixation is sufficient; fixation time should be pro-
longed to several hours for larger specimens. In addition,
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washing times in buffers between the primary and sec-
ondary fixation may also be modified, depending on size.
Afterwards, the specimens are incubated in the second-
ary fixative for, again, at least half-hour to two hours, or
even longer depending on their size. A good indicator of
the success of the osmication process during the second-
ary fixation is an increasing degree of browning/darken-
ing of the specimen’s inner parts. After the secondary
fixation (“osmication”), the specimens must be washed
again in the buffer to remove surplus osmium tetroxide.
Specimens fixed according to this double procedure are
also well suited for semithin sectioning and subsequent
histological stains.

Tanning with tannin and simultaneous fixation with
aldehyde and OsO, can result in excellent fixation (see
Table 3). Tanning improves protein fixation and contrast
and may allow microtubule subunits to become visible
in TEM. To include a tanning step during fixation, pre-
pare a stock solution by diluting ca. 2% tannin in double-
distilled water for some hours (until it is well dissolved)
and filtering through a microfilter. Afterwards, create a
primary fixative with 2% glutardialdehyde (0.1 M sodium
cacodylate buffer, pH 7.2) solution with 0.5% tannic acid
(modified after [103—106]). Use this solution instead of
the primary fixative described above, then wash in the
buffer as usual, and afterwards do the secondary fixation
(osmication) following the above-mentioned protocol.

A simultaneous fixation with glutaraldehyde and OsO,
is recommended to improve the quality of fixation in
small aquatic arthropods [107]. The primary fixative is
2-4% glutardialdehyde and 1-2% OsO, in 0.1 M caco-
dylate buffer (pH 7.1-7.2). This solution has to be mixed
immediately before use at 4 °C to avoid a high percentage
of the Osmium being transferred to its tetravalent (pink
form) which hinders a good fixation. Afterwards, the
specimens should be washed in buffer and are osmicated
in the secondary fixative described above.

Additional comments

For all the histological methods described in the com-
panion paper [63], the most critical step is the prepara-
tion and chemical fixation procedure. If the preparation
is not adequate for a quick and thorough infiltration of
the specimens with the fixatives, the tissues will degrade
during the subsequent processing. However, an excessive
perforating and/or dissection may mechanically destruct
the specimen due to the bad preparation. When larvae
are available from laboratory cultures (see "Obtaining and
handling larvae" section), it is possible to perform some
trials before preparation: e.g. check the best positions
for perforating holes, practice the best way of dissec-
tion without damaging the target organs, which reagents
offer an optimal fixation. In the once-in-a-lifetime catch
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from the field, however, these preliminary trials will not
be possible, and the circumstances may only allow “field”
fixation of suboptimal quality.

Animal welfare and ethical issues

At the time of planning an experiment, it is important to
be aware of issues associated to animals’ welfare ethics,
rules and regulations. Regarding ethical issues, awareness
and responsibility is crucial. Due to the experimental con-
ditions, animals may suffer discomfort, experience pain,
and/or will be killed. Therefore, the researcher needs to
thoroughly consider these issues when starting to plan
an experiment, and decide whether to carry experiments
with animals (or kill them) at all. The second step is to
decide whether the specific experiment is really needed.
For the planning of an experiment, there are minimal
recommendations regarding the welfare of the animals
that will be used. The number of animals included in the
experiment or sacrificed should be optimised: sufficient
animals should be used to ensure statistically robustness,
but avoiding the use of excessive numbers. Both extremes
are bad options: while the latter is obviously not desirable
at all, too few replicates will lead to low confidence in the
results and animals would have died for nothing. In addi-
tion, during the experimental procedures, the researcher
should aim to be as gentle as possible and provide the
best possible environmental conditions to the animals,
while still addressing the experimental questions in order
to gain the desired new information.

Regarding the legal issues (rules and regulations): there
are national and international laws applicable for animals
used with scientific purposes, and those are constantly
being updated, see for instance: European guidelines on
protection of animals used for scientific purposes (DIREC-
TIVE 2010/63/EU: https://eur-lex.europa.eu/legal-conte
nt/EN/TXT/PDF/?uri=CELEX:32010L0063 & from=
EN—accessed on the 11th May 2021). It is important to
check the rules and regulations concerning killing and
experimenting with animals by contacting the animals’
welfare officer in the institution where the experiments
will take place. The relevant laws and regulations usually
give a definition of “animal experiment” and specify how
to sacrifice animals among many other topics. Since such
regulations depend strongly on the national laws of a
country (they may depend on the state within a country),
it is not possible to provide information of general stand-
ing here. Researchers have to be aware that regulations
change frequently: in some countries, such regulations
may not cover crustaceans (or their early stages) yet,
but this may change in the future. Hence, it is essential
to contact the animals’ welfare officer well in advance of
including experiments involving animals in a project pro-
posal or performing the experiments. This first step will
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ensure that the researcher will be properly instructed on
the obligations and legal procedures associated to experi-
ments involving animals. Such instructions may range
from the necessity to take courses on welfare of animals
used in experimentation, fill application forms to register
experiments or request permissions to carry out experi-
ments, to follow any other type of legal procedure associ-
ated to working with animals. It should be kept in mind
that compliance to ethical and legal issues (e.g. permits)
might be needed at the time of the submission of a pro-
ject proposal or the start of an experiment. There might
be a potentially lengthy period from the moment of con-
tact with the animals’ welfare officer to the moment when
the project proposal can be submitted or the experiment
can be started.

Conclusions

This paper ends with having described all essential steps
to rear decapod crustacean larvae from individuals to
mass cultures. The companion paper [63] will describe
the techniques to study cells, tissues, and organ develop-
ment in these animals.
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