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Abstract Nematodes or roundworms represent one of the
most diverse and dominant taxon in marine benthic habitats. Whereas a morphological identification of many species is challenging, the application of molecular markers
represents a promising approach for species discrimination
and identification. In this study, we used an integrative
taxonomic approach, combining both molecular and morphological methods, to characterize nematodes of distinct
sex and ontogenetic stages from three sampling sites of the
North Sea. Morphospecies were discriminated after first
visual determination, followed by a molecular analysis of
the nuclear 28S rDNA: D2–D3 marker. By linking each
sequence to a morphological voucher, discordant morphological identification was subjected to a so-called
reverse taxonomic approach. Molecular operational taxonomic units (MOTUs) and morphospecies were compared
for all of the three sampling sites to assess concordance of
methodology. In total, 32 MOTUs and 26 morphospecies
were assigned, of which 12 taxa were identified as
described species. Both approaches showed high concordance in taxon assignment (84.4 %) except for a cluster
comprising various Sabatieria species. Our study revealed
the high potential of the analyzed fragment as a useful
molecular marker for the identification of the North Sea
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nematodes and highlighted the applicability of this combined taxonomic approach in general.
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Introduction
Nematodes dominate the marine meiobenthos both in
abundance and biomass (Soetaert et al. 1995; Giere
2009). Occupying a broad spectrum of trophic positions,
nematodes are of great ecological importance, featuring
high production efficiencies (Heip et al. 1990) and representing a crucial component in food webs and nutrient
cycles by linking the micro- and macrofauna (e.g. Chardy
and Dauvin 1992). Given their high diversity and ubiquitous appearance, their total number of species is still
unknown (Hugot et al. 2001; Coomans 2002; Blaxter
2003). As consequence of a conserved and quite simple
body plan, morphological diagnostics are difficult and
laborious and in most cases restricted to experienced
taxonomists. Many species can only be identified as adult
males or specific female structures (Floyd et al. 2002),
whereas it is almost impossible to identify juveniles or
damaged specimens, resulting in a disdain of nematodes
in most infaunal studies (Warwick and Robinson 2000).
Moreover, natural variation as consequence of phenotypic
plasticity (Kiontke and Fitch 2010) as well as cryptic
and/or sibling species (Derycke et al. 2008, 2013) complicates a correct species identification based on morphology in many cases.
In order to overcome these limitations, molecular
methods may represent a useful alternative or at least
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supplementary approach for the identification of nematodes. In this context, the International Barcode of Life
initiative introduced the concept of DNA barcoding (Hebert et al. 2003a, b), using a small specific genomic region
as so-called ‘‘DNA barcode’’. The term ‘‘DNA barcoding’’
sensu stricto is generally used for the application of the
small fragment of the mitochondrial cytochrome c oxidase
subunit I gene (COI) for animals (e.g. Hebert et al. 2003a,
b; Blaxter 2004). In the case of nematodes, this marker
showed only a low applicability due to high sequence
variability in the primer regions (Bhadury et al. 2006a, b;
Elsasser et al. 2009). Nevertheless, some newly designed
COI primers that promised better amplification quotes have
been tested for some selected free-living marine species
(Derycke et al. 2010a). Consequently, the application of a
number of alternative nuclear DNA sequence markers has
become popular for the identification of nematodes. These
markers include various hypervariable expansion regions
of the nuclear 18S (e.g. Blaxter et al. 1998; Bhadury et al.
2006a, b; Creer et al. 2010) and 28S rRNA genes (e.g.
Litvaitis et al. 2000; De Ley et al. 2005; Pereira et al. 2010)
as well as internal transcribed spacers (ITS; Hugall et al.
1999; Elbadri et al. 2002; Félix et al. 2014). Here, various
studies showed that the D2–D3 region of the 28S rDNA
represents one of the most suitable and promising markers
for a valid nematode identification, which can be used to
delimitate even closely related species (De Ley et al. 2005;
Pereira et al. 2010).
However, the combination of molecular and morphological approaches has been shown to be most effective in
species identification (De Ley et al. 2005) as well as disentangling species complexes within the Nematoda in
general (e.g. Derycke et al. 2008; Gutiérrez-Gutiérrez et al.
2013); for example, Pereira et al. (2010) successfully
identified nematodes from Baja California using partial
18S and 28S rDNA sequence data in combination with
morphological analysis. Other studies successfully used a
variety of markers (partial 28S rDNA, 18S rDNA, ITS and
COI) in combination with morphological analysis to reveal
the cryptic character and taxonomic status of morphospecies (Derycke et al. 2008, 2010b). An even more integrative approach was performed by Fonseca et al. (2008),
combining molecular, multivariate morphometric, typological taxonomic and interbreeding data. All these integrative studies revealed the applicability and, to a certain
degree, concordance between morphospecies which rely on
morphological species concepts, and so-called sequencebased molecular operational taxonomic units (MOTUs)
(Blaxter et al. 2005).
The aim of our study was a combined application of
morphological and molecular methods as part of an integrative taxonomic approach to identify free-living benthic
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Table 1 Sampling data and site properties
Site 1

Site 2

Site 3

Date of
sampling

16.04.2012

02.05.2012

03.05.2012

Longitude
and
latitude

N 53°300 28.5800 ,
E 8°70 10.6900

N 53°290 47.8500 ,
E 8°110 14.8100

N 53°490 13.8600 ,
E 7°540 53.4500

Locality

Wilhelmshaven

Jade Bay

Wangerooge,
‘‘Außenjade’’

Zonation

Intertidal

Sublittoral

Sublittoral

Tide

Periodical ebb
and flow

Permanently
flooded

Permanently
flooded

Currents

Low physical
disturbance,
very weak
currents

Strong currents
of both ebb
and flow

Strong currents
of both ebb
and flow

Sediment
properties

60 % medium
sand, 40 %
mud

50 % medium
sand, no mud,
no gravel

50 % fine and
medium sand

Sediment properties were determined by the project ‘‘AufMod’’
(Adam Kubicki, pers. communication, unpublished)

nematode species of the North Sea. We also tested the
concordance of both approaches for the valid identification
of male, female, juvenile and/or damaged specimens.
Specimens were assigned to morphospecies, followed by a
molecular analysis testing the quality of the D2–D3 region
of the nuclear 28S rDNA for successful species
identification.

Materials and methods
Sampling
All samples were taken between April 2012 and May 2012
from an intertidal mudflat in Wilhelmshaven (sampling site
1), a sublittoral site located in the Jade Bay (sampling site
2), and one sublittoral site near the island Wangerooge in
the North Sea close to the German coast (sampling site 3;
Table 1). For sampling site 1, the topmost 2–3 cm of the
sediment was removed with a spoon. All sublittoral samples were taken by a multicorer (MUC, ø 105 mm) where
the topmost 5 cm were removed from each tube. All sediment samples were immediately preserved in DESS (Yoder et al. 2006).
In total, 246 nematodes were extracted from the sediment by a procedure of multiple sieving and subsequent
centrifugations. A combination of LevasilÒ and Kaolin
(Al2O32SiO22H2O) was added to separate the sediment
pellet from the organisms in the liquid phase (see McIntyre
and Warwick 1984). Organisms were rinsed with tap water
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on a sieve of 40-lm mesh size and transferred into storage
containers filled with DESS solution. Nematodes were
hand-picked by use of a binocular (Leica M125) and rinsed
three times with sterile water to remove traces of DESS.
Single specimens were transferred into glycerin solution
(79 % H2O, 20 % absolute ethanol (96 %), 1 % glycerin;
modified after Riemann 1988) and followed by the method
of slow evaporation used for further preparation.
Species identification, vouchering and DNA extraction
Based on successful amplification and sequencing, 151
single nematode specimens were preserved in temporary
slides using glycerin and paraffin. All specimens were
identified to be morphospecies using a microscope (Leica
DM 2500) and appropriate taxonomic literature (Platt and
Warwick 1983; 1988; Warwick et al. 1998) as well as with
reference to the NeMys data base (Vanaverbeke et al.
2014). For subsequent vouchering and molecular studies,
each specimen was removed from its slide and put onto a
new slide provided with 5 ll of so-called Worm Lysis
Buffer (WLB, composed of 50 mM KCl solution, 10 mM
Tris pH 8.3, 2.5 mM MgCl2, 0.45 % Tergitol solution
(NP40) and 0.45 % Tween 20, modified after Williams
et al. 1992; and International Seabed Authority, 2011).
Using two needles, the specimens were cut into several
pieces. Anterior and posterior parts were isolated and kept
in permanent slides. Additionally, high-quality preparations of whole animals were kept for each morphospecies
as vouchers to facilitate a closer subsequent inspection. For
this second and more detailed identification, each specimen
was sketched and measured using a camera lucida for the
identification to species level, using the previously mentioned literature. Gender (male, female) and, in the case of
juveniles, the development stage was determined and
documented. Total length, excluding the tail, and maximum body diameter were measured for each nematode. For
DNA extraction, another 15 ll of WLB and 2 ll of proteinase K (Macherey & Nagel, Düren, Germany) were
added to the remaining body fragments. Following an
additional centrifugation, extracts were kept at -80 °C
overnight and incubated for 1 h at 65 °C, followed by
10 min at 95 °C. After a final centrifugation, all extracts
were stored at -20 °C.
PCR performance and sequencing
The primer pair D2A and D3B (De Ley et al. 2005) was
used for the amplification of the 28S rDNA: D2–D3 region.
Amplicons were generated using PCR beads (illustra puReTaq Ready-To-Go PCR Beads, GE Healthcare UK
Limited, Buckinghamshire, United Kingdom) in 25-ll
reactions, filled up with 2 ll of DNA extract, 0.5 ll of
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primer D2A (20 pm/ll), 0.5 ll of primer D3B (20 pm/ll)
and 22 ll of ddH20. Negative and positive controls were
provided for each round of reactions. PCRs were performed by providing an initial denaturation at 95 °C
(5 min), followed by 40 cycles at 94 °C (denaturation,
30 s), 55 °C (annealing, 1 min), 72 °C (elongation, 2 min)
and a final elongation at 72 °C for 10 min. After verification in a 1 % agarose gel stained with GelRed (Biotium
Inc., Hayward, USA), PCR products were purified for
sequencing using the ExoSap purification kit (Thermo
Scientific, Osterode, Germany). Ten ll of the PCR product
was mixed with 2 ll of FastAp (Thermosensitive Alkaline
Phosphatase, 1 U/ll) and 0.5 ll of Exo I (Exonuclease I,
20 U/ll) on ice, and run on a thermocycler (37 °C for
15 min, 85 °C for 15 min). Purified amplicons were
sequenced using the PCR primers in both directions at
contract sequencing facilities (Macrogen Europe, Amsterdam, Netherlands, or GATC Biotech AG, Cologne, Germany). All morphological vouchers and DNA extracts
were stored as part of the voucher collection of the AG
‘‘Molecular Taxonomy of marine Organisms’’ at the German Center of Marine Biodiversity (DZMB), Senckenberg
am Meer, Wilhelmshaven. Chromatograms were assembled, edited and checked manually with the Geneious
package (Geneious Pro 5.4.6, Biomatters, Auckland, New
Zealand). Ambiguities were corrected according to chromatogram properties, e.g. the presence and quality of
peaks.
MOTU definition
All sequences were aligned in MEGA 5.2.2 (Tamura et al.
2011) using the implemented MUSCLE algorithm (Edgar
2004) with default settings. The alignment was checked
manually and by eye for sequence differences as well as
ambiguities by comparison with the corresponding chromatograms in Geneious. Following previous studies,
sequences differing by \3 base pairs (bp) were designated
as a MOTU (see Floyd et al. 2002 for details). A neighbor
joining phylogram (Saitou and Nei 1987) with nonparametric bootstrap replicates (n = 1,000) (Felsenstein 1985)
using default settings (p distances, pairwise deletions), and
calculation of p distances within and between MOTUs of
the same genera (default settings, pairwise deletions) were
performed using MEGA. Using BLAST (Zhang et al. 2000;
Morgulis et al. 2008), each MOTU was compared with the
sequence library of GenBank (NCBI) to exclude
contaminations.
Data analyses
All obtained MOTUs were compared with the given morphospecies classification in order to analyze the level of
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congruence of both approaches. All results apart from
congruence were classified as ‘‘splittings’’ and ‘‘lumpings’’
(see Thormann et al. 2011). Whereas ‘‘lumping’’ describes
a morphospecies that is represented by two or several
MOTUs, ‘‘splitting’’ specifies a MOTU that is represented

by two or more morphospecies (e.g. Thormann et al. 2011).
A successful accordance was given if a specific MOTU
corresponded to a specific morphospecies, indicating that
one MOTU contained all members of one morphospecies,
exclusively.

Fig. 1 Unrooted NJ-phylogram showing congruence of MOTU and
morphospecies assignment. The phylogram was created by aligning
single representative sequences from each MOTU cluster expect for
MOTU 1–9 (see Fig. 2 for a detailed subtree). Morphospecies are
shown behind each MOTU. The number of sequences clustered into a

MOTU is given in brackets; for details dealing MOTU 18 see paragraph
consistency of approaches. Numbers in boxes indicate the number of
males, females and juveniles. The scale bar indicates pairwise
differences in percent. Numbers next to internal branches are bootstrap
values (in %) which are only given when they had values[75 %
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Table 2 Identified nematode
species based on a combination
of morphological
(morphospecies) and molecular
data (MOTU) to species level,
with corresponding accession
numbers of the 28S rDNA: D2–
D3 fragment
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Morphospecies

Identified species

MOTU

Accession
number

Sabatieria sp. 3

Sabatieria celtica Southern, 1914

MOTU 8

KC755203

Setosabatieria sp. 1

Setosabatieria hilarula de Man, 1922

MOTU 10

KC755205

Metachromadora sp. 2

Chromadoropsis vivipara de Man, 1907

MOTU 26

KC755217

Spirinia sp.

Spirinia parasitifera Bastian, 1865

MOTU 25

KC755216

Mesacanthion sp. 1

Mesacanthion diplechma Southern, 1914

MOTU 31

KC755226

Sphaerolaimus sp. 1

Sphaerolaimus hirsutus Bastian, 1865

MOTU 15

KC755210

Viscosia sp. 1

Viscosia elegans Filipjev, 1922

MOTU 28

KC755223

Calyptronema sp. 1

Calyptronema maxweberi de Man, 1922

MOTU 29

KC755224

Axonolaimus sp. 1

Axonolaimus paraspinosus Schuurmans,
Stekhoven & Adam, 1931

MOTU 12

KC755209

Ascolaimus sp. 1

Ascolaimus elongatus Bütschli, 1874

MOTU 13

KC755207

Neochromadora sp. 1

Neochromadora aff. poecilosoma de Man, 1893

MOTU 21

KC755218

Atrochromadora sp. 1

Atrochromadora aff. microlaima de Man, 1889

MOTU 24

KC755221

Results

Consistency of approaches

Morphological assignment and species identifications

The majority of the analyzed specimens showed congruence in MOTU and morphospecies assignment (n = 126 or
80.8 %, Fig. 1). The genus Daptonema Cobb, 1920 was
represented by four morphospecies and corresponding
MOTUS. Due to the loss of the corresponding voucher, it
was not possible to correlate a fifth MOTU (MOTU 18) to
a morphospecies. Consequently, this MOTU was classified
as a member of the Daptonema morphospecies cluster on
the basis of sequence properties only. However, it was
possible to differentiate all remaining four morphospecies
by a corresponding sequence (Fig. 1). This was also true
for the morphospecies of Axonolaimus de Man, 1889,
Viscosia de Man, 1890, Neochromadora Micoletzky, 1924
and Mesacanthion Filipjev, 1927, which were represented
by two morphospecies (Fig. 1). In total, this study covered
nine different families of five different orders of the
Nematoda.
For the genus Sabatieria Rouville, 1903, our molecular
data revealed more MOTUs than previously defined
four morphospecies (Fig. 2). This is the case for MOTU 8
and MOTU 9 as well as MOTU 4 and MOTU 5. Both latter
ones featured genetically distinct but closely related
sequences and exhibited identical morphological assignment (Fig. 2). In contrast to this, a lumping was found for
morphospecies 3, designated as Sabatieria celtica (Southern, 1914), whose sequences were differentiated as MOTU
8 and MOTU 9. Morphospecies 2 was represented within
MOTU 1, MOTU 4 and MOTU 5. Furthermore, MOTU 1,
MOTU 3, MOTU 6 and MOTU 7 contained sequences
labeled as morphospecies 1, whereas morphospecies 4 was
differentiated as MOTU 2 and MOTU 3 (Fig. 2). Moreover,
MOTU 1 contained sequences labeled as morphospecies 1

The morphological identification of 151 specimens
revealed 26 morphospecies. Out of these, 86 (57 %)
were female, 36 male (23.8 %) and 28 juvenile (18.5 %).
One of the vouchers was lost, so that no morphological
assignment was performed. Each morphospecies comprised between one and 31 individuals (Fig. 1). It should
be noted that the classification of some morphospecies
was based on females or juveniles only, lacking important traits for a valid identification. In this context, the
classification of Odontophora sp. 1, Axonolaimus sp. 1,
Daptonema sp. 2, Atrochromadora sp. 1, Neochromadora sp. 2 and Viscosia sp. 2 was only based on one
female specimen, whereas Calyptronema sp. 1 was represented by two females, and Daptonema sp. 1 by 19
females. In the case of Enoploides, only one juvenile
was given. Furthermore, most specimens of the found
Sabatieria morphospecies were females: Four individuals classified as Sabatieria sp. 1 were females, one was a
male and one was a juvenile. The morphospecies
Sabatieria sp. 2 included six females whereas Sabatieria
sp. 3 was assigned by six female specimens and three
males, and Sabatieria sp. 4 by three males and one
juvenile.
Twelve morphospecies were determined as described
species by morphological identification. The assignment of
morphospecies to species is summarized in Table 2. It
should be noted that two species were found to be species
affinis, indicating that species were related to the binomial
species name indicated and showed a similar morphological appearance but were not identical with it.
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Fig. 2 Subtree of the analyzed
Sabatieria specimens correlated
with morphospecies information
and corresponding MOTUs.
Numbers at the tips of the
branches indicate specific
sequence numbers.
Corresponding morphospecies
assignment of each sequence is
given in rectangles (sp. 1–4).
Bars indicate specimens of the
corresponding MOTU. Black
boxes reveal the gender of the
adult specimens (left males,
central females) or
juveniles (right) with unspecific
gender. The scale bar shows
pairwise differences in percent.
Numbers next to internal
branches are bootstrap values
(in %) which are only given
when they had values [75 %

and 2 and MOTU 3 included so defined morphospecies 4
and 1.

Discussion
Choice of marker and implications
Our results clearly demonstrated a successful species discrimination using the 28S rDNA: D2–D3 marker for the
analyzed nematode species. The amplification success of the
used marker (about 62 %) is comparable to previous studies
(i.e. 67 % in Pereira et al. 2010). Earlier studies using the
same fragment reported ‘‘unreliable’’ amplification results
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(Bhadury et al. 2006a) as well as very high success rates (De
Ley et al. 2005). Due to the fact that a marker for molecular
species identification should be easy to amplify, PCR optimization represents an essential task for further studies.
Problems in sample and specimen preservation and thus the
degradation of DNA cannot be excluded as reasons for
limited PCR success and should be optimized also. Furthermore, sequencing problems may be caused by the
putative forming of primer dimers when using the PCR
primer pair D2A and D3B for direct sequencing (GATC
Biotech AG, European Custom Sequencing Centre,
Cologne, Germany; personal communication).
A special characteristic of the D2–D3 region and ribosomal expansion segments in general is given by the high
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proportion of variable sites as consequence of insertions
and deletions, which are recognizable when observing the
secondary structure of the complete 28S rRNA (Bae et al.
2010). Variation in secondary structures as stems, loops,
single and double strands can affect the probability for
mutations and therefore the variability within sites of the
fragment significantly (Subbotin et al. 2007). Moreover,
homology of expansion segments cannot be assumed
between far-related species (e.g. Vogler et al. 1997;
Gillespie et al. 2004; Raupach et al. 2010), making alignments of these fragments difficult to impossible. Whereas
this putative disadvantage of the rDNA genes limits their
use in phylogeny drastically (e.g. De Ley et al. 2005;
Schmidt et al. 2006; Xie et al. 2009), this fact can be
interpreted as beneficial according for the identification of
even closely related species (e.g. Sonnenberg et al. 2007;
Raupach et al. 2010; Khalaji-Pirbalouty and Raupach
2014). In terms of marine nematodes, some studies proposed that the D2–D3 domain can be used for DNA species
identification as well as phylogenetic analyses (e.g. Derycke et al. 2008).
Based on sequence data, specimens can be identified and
assigned to a known species when a close sequence match
in a public sequence data base is given. For our data, only
one match was found in GenBank [Calyptronema maxweberi (de Man 1922), Acc. No. AF210399], revealing the
relatively low number of published nematode LSU
sequences (n = 11,300; NCBI, 21.08.2014) including
many sequences of the same species (e.g. Caenorhabditis
elegans Maupas, 1900 = 1,027, or Unicaria lucasi Stiles,
1901 = 141) in comparison with the total number of
described nematode species ([25,000; Zhang 2013). Even
morphologically well-studied and common species of the
intertidal and sublittoral areas of the North Sea are still
seriously underrepresented.
Integrated taxonomy
Except for the Sabatieria cluster it was possible to link all
obtained MOTUs to a specific morphospecies of five different orders. In case of the genus Daptonema, we were able
to demonstrate the value of combining molecular results
with a revision of corresponding vouchers: The most analyzed specimens were female and showed almost no diagnostic traits, e.g. spicules or a gubernaculum, and many
specimens were also found in a bad preservation state. A
comparison of these specimens with vouchers of a better
condition and quality as result of identical sequences
allowed assignment of these nematodes to the corresponding morphospecies. For our data, MOTUs have been shown
not to be artificial units but to correspond to taxon assignment by morphological manners in most cases. Based on
these considerations, referenced sequence libraries or
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stepping-stone sequences (Blaxter 2004) will improve the
quality of public databases and overcome the gap between
large scale studies, which are restricted to molecular data
only. Therefore, DNA sequence data should become part of
new species descriptions. Such data can allow ecologists
and taxonomists a more efficient handling of the overwhelming abundance and variety of nematode specimen
(Fonseca et al. 2010) and may significantly advance
knowledge and progress in meiofaunal research (Blaxter
and Floyd 2003; Markmann and Tautz 2005; Creer et al.
2010) by revealing new perspectives to the understanding of
ecological and taxonomic identity, rank abundance as well
as concomitant trophic dynamics (Fonseca et al. 2010).
The Sabatieria species complex
The molecular and morphological analysis of the analyzed
Sabatieria specimens revealed a discrepancy between both
approaches. MOTUs comprised sequences of individuals
which were assigned to different morphospecies. Even an
extensive morphological revision of the voucher specimens
was not able to establish congruence between both
approaches. This might be due to the variable character of
many traits or difficulties in identifying them. Most analyzed specimens of the genus Sabatieria were females
(66.6 %) or juveniles (8.3 %). Furthermore, a majority of
these individuals were in bad condition, complicating a
closer inspection of taxonomically important morphological traits. In case that the given morphospecies classification was correct, our results clearly revealed the lack of
diagnostic traits of many morphospecies. Many species of
this genus are classified primarily by anatomical structures
found in males, e.g. the gubernaculum or the precloacal
supplements (Platt 1985; Platt and Warwick 1988), making
the identification of juveniles or females impossible.
Interestingly, the genus Sabatieria itself is defined by a
combination of plesiomorphic traits as well as the lack of
other characteristics that are present within other genera of
the family of the Comesomatidae (Platt 1985). The genus
itself is very diverse, including over 100 described species
(WoRMS 2014). Specimens of Sabatieria represent some
of the most common free-living nematodes in marine
benthic habitats (Platt 1985). Therefore it is not surprising
that most species suffer from insufficient descriptions and
diverse synonymizations (Platt 1985). As a consequence,
this genus has been subjected to various more or less
comprehensive revisions (Jensen 1979; Platt 1984, 1985;
Vincx 1986). Furthermore, Sharma et al. (2006) found in a
study combining morphological and molecular methods
that several characters used for classification of the
Comesomatidae in general have to be reevaluated.
It is obvious that a combination of morphological and
molecular approaches clearly enhances the efficiency of

123

556

species delimitation and identification within this enigmatic genus. Specimens can be collected and identified to
morphospecies on first sight. Subsequently, morphological
vouchers of diagnostically important traits must be kept. In
addition, digital vouchers can be made according to
methods already described (De Ley et al. 2005). This
method allows extensive revision of the available vouchers
after molecular analysis of corresponding specimen.

Summary
Our results confirmed the effectiveness of integrative taxonomic approaches for nematode species differentiation
using a single molecular marker. The sequence analysis of
distinct MOTUs facilitated the concept of reverse taxonomy with corresponding vouchers, allowing the identification of juvenile specimen, females or damaged
specimens. Furthermore, the given amplification and
sequencing results of the 28S rDNA: D2–D3 marker
underlined the need for PCR and sequencing optimization.
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